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Arbuscular mycorrhizal (AM) fungi are known to exist in wetlands, but little is

known about their function in these environments. Our objectives were to determine how

flooding, phosphorus, and vegetation affected the dynamics of arbuscular mycorrhizal

(AM) fungi, total fungi, and bacteria in Blue Cypress Marsh (BCM), a central Florida

wetland, with the goal of identifying early indicators of change. In addition, we

conducted greenhouse experiments to study the effects ofAM fungal communities

collected from different vegetation types in BCM, under flooded and free-drained

conditions, and at three P levels on growth and nutrition of Typha latifolia L. and

Panicum hemitomon Crantz. We also studied the effects of flooding on extraradical

hyphae ofBCM AM fungal communities. Dominant BCM plant communities (Panicum

,

Cladium, Typha, Salix, mixed herbaceous, and slough area plants) were sampled

seasonally from nutrient-impacted and nonimpacted areas. We measured ergosterol

xi



concentration and total bacterial counts in detrital and soil samples, and percentage of

root colonization by AM fungi.

We found that nutrient loading increased soil and detrital ergosterol and detrital

bacterial counts, and decreased AM fungal colonization; however, the nutrient effects

were confounded by vegetation type, and varied seasonally. We also found that AM fungi

in BCM were not influenced by water level, and soil bacterial counts were not sensitive

to nutrient impact. In the greenhouse for both T. latifolia and P. hemitomon no arbuscular

mycorrhizal (AM) fungal community had a consistent impact on plant growth and

nutrition. For T. latifolia, flooding eliminated AM fungal colonization and extraradical

hyphae; however, in the free-drained treatments, P amendment suppressed colonization.

Furthermore, some mycorrhizal communities affected shoot and root P concentrations,

but there were no significant plant growth responses. For P. hemitomon, the mycorrhizal

association was suppressed (but not eliminated) by flooding and P amendment. Flooding

was also detrimental for extraradical hyphae. Mycorrhizal colonization improved plant

growth and P nutrition at lower P levels, but conferred no benefit or was detrimental at

higher P levels. We conclude that the impact of the mycorrhizal association on these

wetland plants was a function of the complex interactions among AM fungal

communities, plant species, water condition, and P level.



CHAPTER 1

INTRODUCTION

In upland environments, mycorrhizae have significant roles in providing poorly

mobile nutrients to plants, preventing infection by pathogenic fungi, and alleviating

heavy metal or drought stress and, in fact, most terrestrial plants are colonized by

mycorrhizal fungi (Smith and Read, 1997). On the other hand, mycorrhizal associations

of wetland plants have been less studied. It was originally thought that because

mycorrhizal fungi are obligate aerobes they would not exist in wetlands. However,

wetland plants transport oxygen through aerenchymatous tissue to the roots, creating an

aerobic environment in the rhizosphere (Jackson and Armstrong, 1999). Furthermore, in

water-saturated environments, nutrients (particularly P) are more mobile than in upland

environments (Rhue and Harris, 1999; Wetzel, 1999).

Despite earlier reports of mycorrhizal fungi in hydroponic cultures the first report

of naturally occurring wetland mycorrhizae was not published until 1977 (Sondergaard

and Laegaard, 1977). The reports on mycorrhizal status of wetland plants since then are

often conflicting. This is a result of the complex wetland environment, where seasonal

fluctuations in water level, temperature, plant phenology, mycorrhizal fungal succession,

salt stress, toxins, nutrient availability, and pH can affect the symbiosis (Wetzel and

vanderValk, 1996). For example, the mycorrhizal status of sedges was shown to vary

with changing environmental parameters (Miller et al., 1999; Muthukumar et al., 2004)

and Spartina alterniflora failed to become colonized by mycorrhizal fungi in the field or

in the greenhouse despite adequate inoculum infection potential (Hoefnagels et ah, 1993).
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Mycorrhizal fungi can also colonize wetland plants that otherwise are nonmycorrhizal,

perhaps because of high spore loads (Cooke and Lefor, 1998; Hildebrandt et al., 2001).

Methodology differences among studies also contribute to variable results. For instance,

some researchers do not consider a plant as mycorrhizal unless they observe arbuscules,

ignoring vesicles and hyphae (Thormann et al., 1999).

However, reports agree that flooding has adverse effects on mycorrhizae. Khan and

Belik (1995) reviewed studies showing that waterlogging reduces but does not eliminate

mycorrhizae, and mycorrhizae are yet to be observed in seagrasses (Nielsen et al., 1999).

Most reports show reduced colonization with reduced depth of water column (Stevens

and Peterson, 1996; Wigand et al., 1998; Cantelmo and Ehrenfeld, 1999; Miller, 2000;

Burke et al., 2002), or with an increase in soil moisture and flooding (Rickerl et al., 1994;

Turner and Friese, 1998; Jayachandran and Shetty, 2003). This effect is usually attributed

to anaerobiosis. However, as mentioned above, wetland plants develop aerenchyma, and

through this anatomical adaptation transport oxygen to the rhizosphere. Brown and

Bledsoe (1996) give evidence that mycorrhizal structures were near the plant

aerenchyma. However, some researchers categorized plants according to their relation

with wetlands and found no relationship between wetland category and percentage

colonization in the roots (Aziz et al., 1995; Turner et al., 2000); and some studies found

no inhibition by flooding or found no promotion of root colonization during the dry

season or in dry sites (Brown and Bledsoe, 1996; Wetzel and vanderValk, 1996;

Christensen and Wigand, 1998; Van Hoewyk et al., 2001; McHugh and Dighton, 2004).

Limitation of mycorrhizal colonization may also be due to the reduced nature of the

chemical species, higher P availability, or a combination of these factors rather than
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oxygen limitation alone (Wigand et al., 1998; Cantelmo and Ehrenfeld, 1999; White and

Charvat, 1999; Tang et al., 2001). Reduced root colonization with flooding also may be

the outcome of the ensuing faster root-growth, diluting the colonized proportion of the

root (Miller and Sharitz, 2000).

The importance of seasonal changes has also been studied. Unless samples are

taken throughout the season, erroneous conclusions can be made concerning the

mycorrhizal status of wetland plants because colonization and hydrologic conditions vary

with season (Cooke and Lefor, 1998; Turner and Friese, 1998; Oliveira et al., 2001).

Miller (2000) observed that mycorrhizal colonization varied more with season than with

water depth and concluded that colonization was controlled more by plant phenological

stage and photosynthetic carbon availability and allocation, than by hydrologic cycle or

other seasonal factors. However, the plant phenological stage associated with minimum

or maximum colonization is not consistent among studies. Arbuscular colonization was

shown to increased around flower production (Oliveira et al., 2001) and disappeared late

in the season (Hildebrandt et al., 2001). Others found maximum colonization at the start

of growth and again at the end of the growing season, with lower colonization at the

active-growth phase (Miller, 2000); or found the opposite, with maximum colonization

during plant dormancy in the winter (Brown and Bledsoe, 1996).

Although we are beginning to understand the factors that control mycorrhizal

association in wetlands, we still have much to learn about their function. One assumption

is that if mycorrhizae are active, their role in the ecosystem is significant. It is still not

known whether plant/fungal/nutrient interactions are fundamentally the same for wetland

as for upland plants (Wigand and Stevenson, 1994; White and Charvat, 1999). Some
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speculate that mycorrhizal fungi in wet habitats may have their greatest role when the

conditions become dry (Khan and Belik, 1995). Jayachandran and Shetty (2003)

proposed that the dry season in the Everglades promotes a beneficial role of mycorrhizae.

As flooded conditions limit oxygen, the cost/benefit ratio may shift, and mycorrhizal

fungi may function parasitically rather than beneficially, and be restricted to more-

oxidized soil surface layers (Brown and Bledsoe, 1996).

Mycorrhizal function usually improves plant P nutrition. In upland environments,

soil nutritional status can influence mycorrhizal colonization; promoting colonization in

nutrient-poor soils, and inhibiting colonization in nutrient-rich soils. Therefore, a number

of studies emphasized the relation among wetland P status, plant P uptake, and

mycorrhizal fungal colonization. Nutrients are more mobile in wetlands than in uplands,

and higher nutrient availability is accompanied by increased moisture, both ofwhich

affect mycorrhizal fungi. In addition, uptake from both the soil and water, as well as

frequent dry/wet cycles make correlation between colonization and plant P uptake

difficult to interpret (Rickerl et al., 1994). Furthermore, increased redox potential in the

rhizosphere may lead to plaque formation and reduced solubility of nutrients, and it has

been proposed that mycorrhizae may ameliorate this problem (Wigand and Stevenson,

1997; Christensen and Wigand, 1998; Beck-Nielsen and Madsen, 2001). Turner et al.

(2000) proposed that in wetlands with low nutrient availability, mycorrhizae may be

more numerous than in wetlands that act as a sink for nutrients. High P or mineral levels

have been shown to suppress mycorrhizal colonization in some (White and Charvat,

1999; Beck-Nielsen and Madsen, 2001; Tang et al., 2001), but not all wetlands

(Christensen and Wigand, 1998; Van Hoewyk et al., 2001).
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Greenhouse experiments with mycorrhizal inoculum from wetlands show

beneficial effects of the symbiosis on plant growth and higher plant P uptake (Wigand

and Stevenson, 1997; Miller and Sharitz, 2000; Sengupta and Chaudhuri, 2002;

Jayachandran and Shetty, 2003). Other studies report no growth effects or better P uptake

but increased (rather than decreased) root-to-shoot ratio (White and Charvat, 1999);

higher shoot elongation rate, chlorophyll, and N uptake (Wigand and Stevenson, 1994);

and increased C/N ratio (Anderson et al., 1994). McHugh and Dighton (2004) found no

effect of P on colonization, but reported increased tillering, and lower root-to-shoot ratio

for the mycorrhizal plants. Stevens et al. (2002) found reduced colonization with higher P

levels, and no growth benefits or even threefold reduced height, depending on P

concentration; however, plant P uptake was not measured and not enough root material

was available to allow root-growth and nutrient-uptake data. Furthermore, an aerated

hydroponic culture indicated restricted extraradical hyphal development and no plant

benefit on P nutrition with mycorrhizae (Hawkins and George, 1997).

In some cases plants are N, rather than P limited (Sasaki et al., 2001). Mycorrhizal

wetland plants showed no advantage in N uptake (Wigand and Stevenson, 1 997), higher

C/N ratio (Burke et al., 2002), or improved N nutrition (Miller and Sharitz, 2000).

Mycorrhizae also may have effects other than nutritional. Mycorrhizal fungi were found

to decrease other microbial populations in the rhizosphere, probably by better competitive

ability and positioning for plant carbon and root exudates (Burke et al., 2002).

Wetlands are stressful environments for fungi. The question is whether wetland

mycorrhizal are more adapted to, or selected by wetland conditions. Glenn and Webb

(1991) found a difference in the mycorrhizal morphotypes of wetland and mesic sites,
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attributing this to physical habitat constraints, or to competitive interactions influenced by

the habitat. Brown and Bledsoe (1996) found no difference in type and number of

mycorrhizal fungal spores sampled in dry and wet months. Miller and Bever (1999)

found fewer mycorrhizal fungal species in deeper water, with some species existing only

in dryer areas, but none exclusively in the deeper areas. However, the same author

(Miller, 2000) also conducted mycorrhizal infection percentage (MIP) tests under

different water regimes with soil from different depths and did not find any differences in

infectivity, concluding that if there was any adaptation it was not related to a better ability

to colonize under flooded conditions.

Arbuscular mycorrhizal (AM) fungi often dominate wetlands, forming various

structures in roots including vesicles, arbuscules, and coils. Vesicles are considered to be

fungal storage organs, while arbuscules and coils, though morphologically different, are

believed to be the sites where nutrients are exchanged between the fungus and the plant

(Smith and Read, 1997). Therefore, the presence of these structures may indicate

functional associations. It is not known what controls the formation ofthese structures

(Smith and Smith, 1997). In wetlands, arbuscules are often not observed; but vesicles,

spores, and hyphae may be present (Turner and Friese, 1998; Van Hoewyk et al., 2001).

In addition, there is evidence that coils, rather than arbuscules, are favored in wet sites

(Rickerl et al., 1994; Cantelmo and Ehrenfeld, 1999; Burke et al., 2002; McHugh and

Dighton, 2004), but coils and arbuscules may be present on the same plant (Sengupta and

Chaudhuri, 2002). Others did not observe promotion of coils with depth (Cooke et al.,

1993), or found that coils exhibited parallel frequencies with arbuscules (Brown and
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Bledsoe, 1996), or observed arbuscules in both wet and dry conditions (Miller and

Sharitz, 2000).

Arbuscular mycorrhizal fungal spores have also been isolated in many studies

(Rickerl et al., 1994; Aziz et al., 1995; Brown and Bledsoe, 1996; Turner and Friese,

1998; Ingham and Wilson, 1999; Miller and Bever, 1999; Miller and Sharitz, 2000;

Hildebrandt et al., 2001; Sengupta and Chaudhuri, 2002; Carvalho et al., 2003;

Jayachandran and Shetty, 2003). Fungal colonization is usually not correlated with spore

number, which is often high in wetlands, compared to upland habitats. For instance, the

density of spores in a salt marsh was four times higher than in a maquis (Carvalho et al.,

2003). The suggested reasons for higher spore numbers were lower germination, higher

sporulation rate due to stress, and accumulation with runoff from uplands. Others found

that the number of spores increased with the stages of ecosystem succession and

decreased with salinity (Sengupta and Chaudhuri, 2002), and had no correlation with

organic matter or soil moisture, but good correlation with plant location (Carvalho et al.,

2003).

Another group of fungi, termed dark-septate endophytes (DSE), also known as

MRA (Mycelium Rradicis A trovirens), has also been observed in wetlands (Oliveira et

al., 2001). In some cases these are more abundant than AM fungi (Thormann et al.,

1999). The role of these fungi is also unknown, but they could be beneficial (Jumpponen,

2001 ).

A few studies tested or gave some recommendations for using of mycorrhizae in

wetland restoration. Ingham and Wilson (1999) found that, despite different past-use

agricultural practices, AM fungal inoculum was sufficient to support revegetation of
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native plants in restored wetlands, but uniform restoration was not expected. Similarly

Aziz et al. (1995) found that despite soil removal down to bedrock at a site in the

Everglades, AM fungal propagules still existed. Cook and Lefor (1998) suggested saving

or culturing the original topsoil, avoiding mixing topsoil with subsoil, and using

colonized stock plants in wetland restoration. Use of inoculum from existing wetlands

was recommended in case some AM fungal species are more adapted to wetlands,

especially when pollutants are involved (Miller and Bever, 1999; Oliveira et al., 2001).

Cantelmo and Ehrenfeld (1999) suggested promoting AM fungal growth in forested

wetland restoration by using microtopography, such as hummocks. McHugh and Dighton

(2004) investigated using commercial AM fungal inoculum for seedling production and

establishment, and suggested that the increased tillering that the mycorrhizal plants

exhibited would positively affect the rates of soil stabilization in restoration efforts.

A few researchers studied mycorrhizae at the fungal or plant community level. Not

surprisingly, various wetland plants are colonized to different extents, and differences

exist among wetlands. Furthermore, nonwetland AM fungal isolates colonized wetland

plants to a different extent (Stevens and Peterson, 1996); and inoculum from different soil

types of the Everglades had similar, but not identical effects on Cladiumjamaicense

(Jayachandran and Shetty, 2003). In addition, various plant community types had

different spatial distribution ofAM fungal spores (Carvalho et al., 2003). Aziz et al.

(1995) said that AM fungi may have an important role in establishing and sustaining a

glade community, and also in determining the direction of that community’s vegetation

succession after disturbance.
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More research is clearly needed to better understand mycorrhizae in wetlands. This

should include seasonal field observations for understanding the effects of changing

hydrology, plant phenological influence, and nutrient impact; and more controlled studies

to investigate variation among AM fungi. Such studies should help resolve the question

of mycorrhizal function in wetlands. Thus, objectives of our study, were to investigate

• The effects of nutrients, hydrology, and season on wetland plant mycorrhizae,

• The function ofAM mycorrhizae regarding nutritional benefits to wetland plants,

• Differences among AM fungal assemblages relative to their impact on wetland

plant growth and nutrient uptake.

These objectives were addressed by conducting a seasonal field survey of mycorrhizae in

Blue Cypress Marsh (BCM), a central Florida wetland with fluctuating water levels that

had been variously impacted with nutrients. The field survey was followed by greenhouse

experiments investigating the function ofAM fungal assemblages obtained from selected

vegetation types in nutrient-impacted and nonimpacted areas ofBCM.



CHAPTER 2

FUNGAL AND BACTERIAL DYNAMICS IN NUTRIENT-IMPACTED AND
NONIMPACTED PLANT COMMUNITIES IN A CENTRAL FLORIDA WETLAND

Introduction

Microorganisms in wetlands are responsible for nutrient cycling and plant

decomposition. Microorganisms have faster growth rates than higher organisms, and

modifications in the environment will likely alter their distribution and function. Adamus

et al. (2001) said that microorganisms may be used as early indicators of change in

wetlands. Paerl et al. (2003) reviewed microbial indicators of eutrophication such as

changes in phytoplankton biomass and species composition. However, factors such as

plant species composition and abundance may affect the status of an indicator. The

rhizosphere of plants is known to have higher abundance and different composition of

microorganisms compared to bulk soil; and these communities vary with plant species

(Curl and Truelove. 1986; Kent and Triplett. 2002). .Although different soil types can also

influence microbial composition, the rhizosphere influence is dominant (Soderberg et al.,

2004). However, for wetlands, Blum et al. (2004) showed that sediment bacteria and

fungi were related to wetland latitude rather than plant species, while bacteria and fungi

associated with standing dead biomass were related to plant species.

There is limited information on the abundance and ecological functions of fungi in

wetland soils. Fungi make up more than 50% of the microbial biomass in upland soils

where they function as primary decomposers of organic material, and enter into

symbiotic and pathogenic associations with plants (Sylvia et al., 2005). Most fungi are

10
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obligate aerobes and likely have diminished activity in reduced oxygen environments.

However, many fungi are microaerophiles and may have important functions in oxidized

zones in the water column and rhizosphere of wetland plants. For example, Kuhn and

Suberkropp (1998) used ergosterol, the predominant sterol found in fungal cell

membranes, that provides an estimate of active fungal biomass (Newell, 2001), to

estimate that fungi accounted for 3 to 8% of the detrital weight of standing litter of the

freshwater emergent macrophyte, Juncus effusus.

A specialized group of fungi associated with plant roots, the arbuscular mycorrhizal

(AM) fungi, form symbiotic relationships with most upland plants, but have also been

documented on wetland plants (Khan and Belik, 1995). Little is known about the function

of these symbioses in wetland environments. In uplands, mycorrhizae are generally

mutually beneficial, with the fungus acquiring carbon from the plant and the fungal

network delivering nutrients, especially phosphorus (P), to the plant. Elevated soil P,

however, often suppresses the AM symbiosis in upland soils (Graham et al., 1982a). It is

unclear whether the same response to P occurs in wetlands where the nutrient may be

more labile under low redox conditions (Rhue and Harris, 1999; Wetzel, 1999). In

addition, P is often limiting in natural ecosystems; therefore, elevated P in wetlands may

promote microbial growth and cause changes in vegetation, such as the expansion of

Typha in the Florida Everglades (DeBusk and Reddy, 1998; Chiang et ah, 2000).

Our study site was a central Florida seasonal wetland impacted by nutrients. We

hypothesized that AM fungi would be suppressed under elevated-nutrient conditions by

feedback inhibition ofP on mycorrhizal colonization. In contrast, total fungi and bacteria

were hypothesized to increase due to enhanced saprobic activity. We further
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hypothesized that AM fungi would be promoted during the dry season and suppressed by

flooding. Our objective was to determine the effect of nutrient loading, vegetation, and

season on the abundance ofAM fungi, total fungi, and bacteria in the wetland ecosystem;

and thus to evaluate using native microbes as indicators of nutrient impact.

Materials and Methods

Site Description and Sample Collection

Blue Cypress Marsh (BCM) is an approximately 8000 ha freshwater marsh located

in east central Florida and is part of the headwaters of the St. Johns River. The marsh

receives inflows from Fort Drum Marsh Conservation Area to the south, and water flows

toward the north to Blue Cypress Lake. From the 1960s to the 1 990s, when inputs were

cut off, BCM received runoff from surrounding agriculture lands because of breaks in the

levee surrounding the marsh. Areas of highest nutrient impact are the southwest and

northeast corners of the marsh; the center of the marsh is considered nonimpacted.

Prenger and Reddy (2004) and Corstanje and Reddy (2004) gave detailed site

descriptions. Brenner et al. (2001) gave data on historical rates of sediments and nutrient

accumulation. Total-soil and detrital P levels in March 2001 were approximately

900 mg kg'
1

in the impacted areas and 600 mg kg'
1

in the nonimpacted areas. Plant

communities in the marsh are predominantly sawgrass (Cladiumjamaicense Crantz)

stands and maidencane (Panicum hemitomon Schult.) wet prairies, with significant areas

of shrub (Salix caroliniana Minchx.) swamp, cattail (Typha spp.) marshes, and deep-

water slough communities (open water and Nuphar spp.). After nutrient enrichment from

agricultural runoff, cattail invaded and now dominates the impacted areas; it is not

present in the nonimpacted center of the marsh. Communities selected for study included

Panicum, Cladium, Salix, mixed plant, and slough communities in nonimpacted areas;
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and Cladium and Typha in the impacted areas. Of the communities studied, Cladium was

the only plant consistently found in impacted and nonimpacted areas. Although these

plants were dominant in the communities sampled, vegetation changes were observed

overtime, and other plant species were also present (Table 2-1).

During a typical year, the dry season extends from November to late April.

However, our study occurred during an unusually dry period when water levels remained

low through June (Fig. 2-1). In addition, fire is a usual phenomenon in the marsh; and in

January 2001, the nonimpacted Panicum and Cladium sites burned.

Detrital and soil samples were randomly collected in the plant communities on a

seasonal basis, from March 2001 until September 2002 (Table 2-1). Soil cores were 10

cm deep with a 10 cm inner diameter; and were less than 2 meters apart at each sampling

location, with the exception of cores in Salix that were taken along a trail leading to a

weather station. Detrital samples were collected from a 400 cm2
surface area immediately

above where the soil cores were then taken. Samples were transported to the laboratory

on ice and processed within 72 h of arrival. Soil samples were mixed by hand, removing

large roots, while detritus samples were homogenized using a commercial food

processor.

As part of a larger study, temperature, pH, and redox (Eh) were measured

periodically from March 2001 to January 2002 in the Panicum, Typha, and the two

Cladium communities (Prenger and Reddy, 2004). Soil temperature was lowest in

December (Fig. 2-1), and ranged from 10 to 29°C. Although the impacted and

nonimpacted areas were statistically different, differences in pH were small (Fig. 2-2),
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Mar/2001 Jun/2001 Sep/2001 Dec/2001 Mar/2002 Jun/2002 Sep/2002

Figure 2-1. Water level (solid line) and average daily temperature (dotted line) in Blue

Cypress Marsh. Water level data were provided by U.S. Army Corps of

Engineers, Jacksonville District, Engineering Division, Hydraulics &
Hydrology Branch, Water Management and Meteorology Section

Mar/2001 May/2001 Jul/2001 Sep/2001 Nov/2001 Jan/2002 Mar/2002

Figure 2-2. Eh (solid lines) and pH (dotted lines) levels in Blue Cypress Marsh at 10 cm
depth. Closed circle, Typha; open circle, Panicurrr, closed triangle,

Cladium-impacted; open triangle, Cladium-nonimpacted. Data from Seo

(2002).

Water

Elevation

Above

Sea

Level
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whereas flooding increased the pH by about one unit. Anaerobic conditions (< 200 mV)

were established later in the season for the nonimpacted sites compared to the impacted

areas.

Ergosterol Measurements

Soil and detrital subsamples (0.25 g wet weight) were preserved in methanol at

-20°C until ergosterol was extracted by a microwave protocol based on Young (1995)

and Montgomery et al. (2000). Ergosterol was extracted three times with hexane, filtered

(2 pm), and evaporated to dryness under air. Samples were reconstituted with methanol

before HPLC analysis. A Shimadzu SPD 6A UV spectrophotometric detector (Shimadzu

Company, Kyoto, Japan) and a Shimadzu LC600 liquid chromatograph were used with a

C-18 column (Supelcosil™ LC-18; Supelco, INC., Bellfonte, PA) and a Newguard RP-18

guard column (Perkin Elmer Instruments, Norwalk, CT) heated constantly to 27°C. A

94% methanol:water eluant gave satisfactory baseline separation and, under these

conditions, ergosterol peaked at approximately 16 min as verified with standard

ergosterol solutions.

Arbuscular Mycorrhizal Fungal Colonization

Root samples were removed from the cores, cleared by heating with KOH, and then

immersed in a 3% hypochlorite solution if needed (Sylvia, 1994). The roots were then

stained with Trypan blue. We used the gridline-intersect method (Giovannetti and Mosse,

1980) to estimate the percentage of root length colonized by AM fungi with a dissecting

microscope at 25 x magnification. In addition, selected colonized root pieces were

mounted on slides for observation of arbuscules and coils, and were viewed under 400 x

magnification with a compound microscope.
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Direct Bacterial Counts and Epifluorescent Microscopy

Subsamples (0.5 g wet weight) were preserved in a phosphate-buffered 2%

formalin solution and stored at 4°C until processed. The protocol described by Kepner

and Pratt (1994), using filter-sterilized reagents and filtered and autoclaved distilled

water, was partitioned into three steps: extraction, staining, and counting. Extraction was

performed with sonication for 20 min with a Branson sonifier (Branson Sonic Power

Company, Danbury, CT) at 40 W output power, using a sodium pyrophosphate solution.

The samples were then diluted in sterile distilled water. Staining was performed in a

vacuum filter tower with acridine orange as the staining solution at a concentration of

130 mg l'
1

,
using a 0.2 pm pore size, 25 mm diameter filter. Counting was performed

with a Nikon Optiphot microscope equipped with a Hg lamp and B2 filter. We counted

20 fields per filter membrane at 1000 x magnification.

Statistical Analysis

Analysis of variance was performed using a mixed linear-model procedure (SAS

Institute Inc, 1999) testing the effects of vegetation, season, nutrient impact, and their

interactions where appropriate. Sampling times were categorized into the four calendar

seasons and data were square-root transformed before analysis. Pearson correlation

coefficients were used to examine relations among the measured parameters and multiple

pair-wise comparisons of means were made using the Tukey-Kramer adjustment with an

experimentwise error rate a=0.05.

Results

All main effects were significant, except for impact on soil bacterial counts

(Table 2-2). However, the interactions of vegetation and season were also significant.



18

except for detrital bacterial counts, while the interaction of impact and season was not

significant for the detrital fungal and bacterial samples and AM colonization.

Table 2-2. Soil ergosterol (SERG), detrital ergosterol (DERG), percent root length AM
colonization (% AMC), soil bacterial counts (SBC), and detrital bacterial

Source of variation SERG DERG % AMC SBC DBC

Impact 0.0045 <0.0001 <0.0001 0.9 <0.0001

Vegetation <0.0001 <0.0001 <0.0001 <0.0001 <0.0001

Season <0.0001 <0.0001 <0.0001 <0.0001 <0.0001

Veg.*Season <0.0001 0.0003 <0.0001 0.0007 0.091

Imp.* Season 0.0317 0.76 0.54 0.0007 0.49

Observations 384 327 392 304 213

three-way interaction.

Ergosterol Concentrations

For impacted versus nonimpacted Cladium sites (the only vegetation community

where impact status was not confounded by differences in vegetation), soil ergosterol was

significantly greater in impacted sites during the winter and fall (Fig. 2-3). Vegetation

had a significant effect on soil ergosterol, which confounded nutrient impact effects;

ergosterol was not always higher in nutrient-impacted plant communities of Cladium and

Typha than in nonimpacted plant communities. Samples collected from Panicum sites

tended to have higher soil ergosterol levels than samples associated with other vegetation

types. For most plant communities, soil ergosterol peaked during the spring dry period

and was lower during the fall-flooded season. This was likely the response ofthe aerobic

fungi to aeration. However, there was no change in fall for slough.
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Detrital ergosterol in BCM was an order of magnitude higher than soil ergosterol (Fig.

2-4). Comparing the impacted and nonimpacted Cladium sites, detrital ergosterol was

significantly higher in impacted sites during the winter, summer, and fall. As with soil

ergosterol, the nutrient-impacted plant communities did not necessarily have higher

ergosterol than the nonimpacted plant communities. Salix, Typha and Panicum plant

communities tended to have higher detrital ergosterol, with Typha having significantly

higher detrital ergosterol than Panicum in winter only. Detrital ergosterol tended to be

highest in the summer and lowest in the winter, but this was not always the case, as for

Typha.

Arbuscular Mycorrhizal Fungal Colonization

Nutrient impact affected mycorrhizal colonization, with significant reductions

observed in samples collected in impacted versus nonimpacted Cladium sites in both the

summer and fall (Fig. 2-5). Panicum and Salix were the plant communities with the

highest AM fungal root colonization in spring and fall, and the slough-area was always

the least colonized. As verified under a microscope, arbuscules and coils were present

throughout the year. Arbuscular mycorrhizal root colonization tended to be lower during

the dry winter months and higher in the flooded summer months. Apparently,

mycorrhizae were not inhibited by flooding, nor were they promoted during the dry

season. Root colonization by AM fungi was not correlated with soil ergosterol but was

significantly, though weakly, correlated with detrital ergosterol (P = 0.0045, R = 0.16),

suggesting that AM fungi were more active in the detrital zone.

Bacterial Direct Counts

Bacterial counts were in the range of 10
9
g'

1

d.w. in both soil (Fig. 2-6) and detrital

(Fig. 2-7) samples. Although the nutrient impact effect was not significant for soil
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bacteria, the interaction of impact with season was, and among the Cladium sites the

impacted Cladium had higher bacterial counts in spring and summer. Soil bacterial

counts tended to peak in the fall.

Higher detrital bacterial counts were found in the impacted sites. However, detrital

bacterial response to impact was confounded by vegetation; bacterial counts from

nonimpacted vegetation could be as high for impacted vegetation. The plant community

with the lowest overall counts in detritus was the nonimpacted Cladium. Detrital bacterial

counts peaked in the fall and again in the spring. There were significantly lower numbers

in winter relative to other seasons.

Detrital bacteria and fungi were not correlated, but soil bacterial counts had a weak

and negative correlation with soil ergosterol (P = 0.065, R = -0.1). In addition, soil and

detrital bacterial counts were significantly correlated with each other (P < 0.001,

R = 0.41).

Discussion

Ergosterol Concentrations

Soil ergosterol in BCM was slightly higher than that reported by Hackney et al.,

(2000) in the Everglades (2.79 and 2.84 pg g' 1

d.w. under Typha and Cladium,

respectively) or by Stahl and Parkin (1996) in a prairie soil (3.49 pg g'
1

d.w.). The

reported values of 50 to 65 pg g’ 1

for the top 6 cm of peaty soils (Anderson et al., 1994)

and 212 pg g' 1

for a forest organic soil (Mottonen et al., 1999) were considerably higher

than those in BCM. Our data agree with others (Maamri et al., 1998; Grierson and

Adams, 2000; Hackney et al., 2000) who found up to a 5 fold seasonal variation in

ergosterol concentration.
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Much of the extant data for detrital ergosterol in wetlands is for standing dead

leaves. In the Everglades, standing dead leaf ergosterol levels changed with time, with a

range of 10 to 250 pg g' 1

d.w. (Hackney et al., 2000). Kuehn and Suberkropp (1998)

found leaf ergosterol levels of 150 to 300 pg g' 1

d.w. with little seasonal variation in an

Alabama wetland, while Maamri et al. (1998) reported concentrations of 100 to

200 pg g' 1

d.w. leaf ergosterol in a permanently flooded site in Morocco. Newel (2003)

studied freshwater and saltwater marshes and found significant differences in ergosterol

of standing decaying leaves of different plant species with levels between 103 and

532 pg g'
1

d.w. In our study, detritus was collected from the soil surface and was

therefore more decomposed than the standing litter studied by others, which may account

for the lower levels of ergosterol.

The detrital zone may have greater access to oxygen than soil, and therefore oxygen

should not limit fungal growth, and activity is expected to increase with temperature.

However, higher metabolic activity in the detrital zone will increase oxygen consumption

and consequently may decrease oxygen levels and biological activity in the underlying

soil layer. This may partially explain why detrital ergosterol increased in late August

when the area was flooded and temperatures were high, while soil ergosterol was lower.

Although nutrient impact significantly increased ergosterol levels, as demonstrated

in the Cladium sites, the overall effect was confounded by vegetation. For example,

Panicum was not impacted by nutrients, but it had detrital ergosterol levels equivalent to

nutrient-impacted Typha. Others also reported the influence of vegetation on ergosterol

concentration (Maamri et al., 1998; Grierson and Adams, 2000; Hackney et al., 2000). It

is possible that the nutrient differences were not great enough to effect a significant
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change. However, this is unlikely because cores from the BCM nutrient-impacted sites

release dissolved, reactive P to the water column at more than 10 times the rate than those

from the nonimpacted sites (Corstanje and Reddy, 2004). In addition, there were

elevation differences, with the nutrient-impacted sites having approximately 50 cm

greater water depth than nonimpacted sites. The resulting reduction in aeration could

limit microbial growth in soil, but less so in the detritus that is located above the soil

samples. On the other hand, deeper sites would retain more moisture and promote

microbial growth in the dry season. Furthermore, redox in all sites reached similar levels

in approximately one month.

Arbuscular Mycorrhizal Fungal Colonization

A negative correlation between P and AM colonization was observed by Miller and

Sharitz, (1996). In contrast, Cornwell et al. (2001) found no response to in situ P

fertilization in nutrient-poor fens, suggesting that P uptake may not be the sole benefit of

AM fungi to the wetland plants. Stevens et al. (2002) observed that under flooded

conditions in the greenhouse, AM fungi had no effect on plant P nutrition and decreased

plant height; however, they did not have a nonflooded control. They implied that flooding

does not necessarily prevent the AM association from developing, but that P availability

regulates the association. In contrast, Jayachandran and Shetty (2003) found that AM

fungi increased P nutrition and survival of Cladium.

Mycorrhizae in BCM were not inhibited by flooding; nor were they promoted

during the dry season. This is an unexpected finding because AM fungi are aerobic

organisms. However, many wetland plants have the ability to oxygenate the rhizosphere

(Armstrong, 1978). The relation ofAM colonization to flooding has been studied by

others with variable results; some report a negative relation with redox (Miller, 2000;
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Oliveira et al., 2001; Burke et al., 2002; Jayachandran and Shetty, 2003); others found no

relationship (Brown and Bledsoe, 1996; Van Hoewyk et al., 2001). Aziz et al. (1995)

found no clear relationship between root colonization and plant hydrological category.

Reports on the mycorrhizal status of various wetland plants have been conflicting,

with the same plant species reported mycorrhizal in one wetland and not colonized in

others (Khan and Belik, 1995). Seasonal variation among studies may contribute to these

variable results (Hildebrandt et al., 2001; Burke et al., 2002; Sengupta and Chaudhuri,

2002). In addition, it is not known if wetland mycorrhizae are mutualistic or parasitic, or

if their function varies with hydroperiod (Khan and Belik, 1995; Brown and Bledsoe,

1996). White and Charvat (1999) stated that the function of mycorrhizae in wetlands

should not be assumed to be the same as in uplands. The function ofAM fungi in BCM is

still not fully known; however, they do not seem to be restricted by hydroperiod. Rather,

colonization is likely controlled by plant factors such as carbon availability, which is

greater in the summer.

Bacterial Direct Counts

Bacterial counts were similar to those of other studies. For soil bacteria, Burke et

al. (2002), found 1 to 3 x 10
10

cells g' 1

d.w. and significant differences between Spartina

and Phragmites sites, but no seasonal effect. Reeder and Davis (1983), working with

litter bags in the Everglades, found bacterial numbers in the range of 10
g
g'

1

d.w. using

plate counts. However, it is well established that plate counts may estimate less than

1-10% of total bacteria. Wetland plant leaf bacteria (Newell, 1981), and litter bag bacteria

(Thomaz and Esteves, 1997) were reported as bacterial counts per unit surface area, but

counts based on leaf dry weight estimates were similar to those in our study.
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Contrary to the initial hypothesis, soil bacterial counts did not increase under

elevated nutrient conditions. Although we cannot exclude restricted bacterial growth in

the nutrient-impacted area due to more anaerobic conditions, as was the case in the

Everglades (Reeder and Davis, 1983), it is also likely that BCM soil bacteria are carbon

limited (Blum et al., 2004). Research from upland grasslands showed no effect, or larger

and more active microbial community without addition of fertilizer, which was attributed

to a change in vegetation type and diversity with fertility (Bardgett and McAlister, 1999;

Bardgett and Shine, 1999; Sarathchandra et al., 2001). Others demonstrated that although

microbial biomass would increase with soil fertility, results will vary with different plants

(Innes et al., 2004). There is a lack of wetland studies on this subject.

Bacterial numbers are largely driven by temperature and availability of organic

carbon, especially easily degradable organic material (Tornblom and Sondergaard, 1999).

Therefore, the time of leaf senescence and duration of leaf decomposition may be the

major factors determining bacterial numbers. It is likely that by winter detrital leaves are

depleted of carbon and other nutrients and cannot maintain high microbial populations.

This, along with the low temperatures, may explain the low numbers for detrital bacteria

in winter in our study. The effect is not as great for soil bacteria because they are not

directly dependent on leaf nutrients, are deeper in the soil profile than detrital bacteria,

and therefore less affected by surface temperature fluctuations.

The antagonistic relationship between fungi and bacteria weakly suggested for soil

has been observed before for decaying leaves and it was suggested to be carbon

competition related (Gulis and Suberkropp, 2003; Mille-Lindblom and Tranvik, 2003).
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Conclusions

Appropriate indicators of change need to be identified by investigating which

impacts affect what changes in microbial communities, and how these changes occur.

Pennings et al. (2002) conducted microbial toxicity tests of polluted and nonpolluted

wetlands and found no differences. Likewise, Newell et al. (2000) compared ergosterol

(in the same wetlands), concluding that the indices used were not sensitive enough.

Newman et al. (2003) found that periphyton phosphatase activity expressed as

surface-area-specific phosphatase (rather than on a biomass basis), was a sensitive

indicator ofP enrichment, along with changes in periphyton oligothrophic species

composition. However, the latter was slow, and they cautioned that before an indicator is

used the background status should first be established to determine the influence of other

factors.

Nutrient impact in BCM affected the activities of fungi and bacteria associated with

wetland plants; however, the vegetation type had a confounding influence on the

microbial parameters. Total fungi estimated by ergosterol, AM fungi expressed as

percentage of root length colonized, and direct counts of bacteria, can be used as

indicators of wetland integrity relative to nutrient impact only if background values for

each vegetation type and season are established. In addition, we found that AM fungi in

BCM were not influenced by water level and that soil bacteria were not influenced by

nutrient impact.



CHAPTER 3

EFFECTS OF ARBUSCULAR MYCORRHIZAL FUNGI, FLOODING, AND
PHOSPHORUS AMENDMENTS ON GROWTH AND NUTRITION OF FLORIDA

WETLAND PLANTS

Introduction

In upland environments, arbuscular mycorrhizal (AM) fungi form well documented

plant-fungal symbiotic associations (Smith and Read, 1997). However, less is known

about the function ofAM fungi in wetland systems, and reports are often contradictory.

Although AM fungi are known to exist in wetlands (Khan and Belik, 1995), this is not

always the case (Thormann et al., 1999; Muthukumar et al., 2004). Flooded conditions

may inhibit the association (Miller, 2000), but there are also reports of no negative effect

on root colonization (Brown and Bledsoe, 1996; Stevens and Peterson, 1996).

Furthermore, there appears to be no relationship between percentage of root length

colonized by AM fungi and plant hydrological category (Aziz et al., 1995; Turner et al.,

2000); plants of a particular genus (e.g., Carex) may be nonmycorrhizal, mycorrhizal, or

have varying status depending on the environment (Miller et al., 1999).

Environmental factors, such as soil nutrients, temperature, light, and flooding, may

influence AM morphology (Smith and Smith, 1997). Wetland plants can uniquely

influence their rhizospheres through aerenchyma development, but different strategies for

air movement are known. For instance, Cladiumjamaicence Crantz (a plant prevalent in

low nutrient areas of the Florida Everglades) uses diffusion, while Typha spp. (a common

wetland plant in nutrient-impacted sites) employs mass and convective flow ventilation

(Miao et al., 1997; Chabbi et al., 2000). Smith and Smith (1997) suggested that AM

31
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morphology may depend on air spaces in the cortex, with arbuscules developing when

large spaces are available and coils developing when the air spaces are limited;

Cavagnaro et al. (2001) predicted that intermediate AM forms would occur in

discontinuous intercellular spaces. In wetlands, there is evidence of suppressed arbuscule

formation (Rickerl et al., 1994; Cantelmo and Ehrenfeld, 1999); however, this is not

always the case (Brown and Bledsoe, 1996; Miller, 2000).

In wetlands, as in uplands, AM fungal colonization may be suppressed at higher

P levels (Wigand and Stevenson, 1994; White and Charvat, 1999; Turner et al., 2000).

However, in wetlands it is difficult to separate the effects of flooding from those ofP

level or osmotic stress (in the case of salt marshes) in inhibiting the AM association

(Wigand and Stevenson, 1994; Brown and Bledsoe, 1996; Thormann et al., 1999; Stevens

et al., 2002). Nutrient absorption can also occur in the water column (Wigand and

Stevenson, 1997), and there may be increased P availability with water depth

(Christensen and Wigand, 1998).

There is limited knowledge on the interactions between plants and AM fungal

communities in wetlands. Questions posed for upland, such as functional differences

among AM fungi (Helgason et al., 2002), whether different plants are colonized by

different AM fungi (Vandenkoomhuyse et al., 2003) with different effectiveness (Sanders

et al., 1995; van der Heijden et al., 1998a), and how fungal diversity affects plant

diversity and vice versa (van der Heijden et al., 1998a; van der Heijden et al., 1998b;

Hartnett and Wilson, 2002) are also valid for wetlands. In this context, Aziz and Sylvia

(1995), working in the Florida Everglades, said that AM fungi may have an important
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role in establishing and sustaining a glade community, and may also determine the

direction of that community’s vegetation succession after disturbance.

The objectives of our study were to determine the effects ofAM fungal

assemblages, flooding, and phosphorus (P) amendment on two wetland plant species.

Specifically, AM fungal root colonization and morphology, plant shoot and root-growth,

and P nutrition were evaluated.

Materials and Methods

The experimental design was factorial with 6 AM fungal assemblage inocula

(including a nonmycorrhizal control), 2 water treatments (flooded and free-drained), and

3 P amendments (0, 20, and 50 mg kg"
1

), with 5 replications per treatment combination

for a total of 1 80 pots. The plant species, Typha latifolia L. and Panicum hemitomon

Schult, were tested in separate experiments.

Seeds of T. latifolia and cuttings ofP. hemitomon were collected from a

constructed wetland at the University ofFlorida campus in Gainesville, FL. Seeds of

T. latifolia were surface disinfected with 3% sodium hypochlorite solution for 2 min, and

germinated in the greenhouse in a tray containing a 1:1:1 potting mix of peat, vermiculite,

and a sandy, low-P, low-organic matter soil (Pomona series, sandy, siliceous,

hyperthermic Ultic Haplaquod). The potting medium was pasteurized twice to 85°C for

24 h, with 24 h between heating. Typha latifolia seedlings were grown for 10 wk before

transplantation. Panicum hemitomon plants were cut under the third leaf and rooted in

vermiculite in a mist bed in a greenhouse for 4 wk.

Assemblage inocula ofAM fungi were derived from soil from different vegetation

and nutrient-impacted assemblages ofBlue Cypress Marsh (BCM, Chapter 2) and
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maintained on Zea mays (v. Silver Queen) in the greenhouse in potting medium. The

BCM vegetation communities consisted of monospecific sites of: nutrient-impacted

Typha spp. (site 1); nutrient-impacted C. jamaicense (site 2); nonimpacted (site 3) C.

jamaicense-, nonimpacted P. hemitomon (site 4); and a nutrient-impacted site with mixed

vegetation of primarily Typha spp. and C. jamaicense (site 5). A mycorrhizal infection

potential (MIP) assay was conducted on each inoculum at the initiation of each

experiment (Table 3-1, Sylvia, 1994).

Table 3-1. The relative infectivity (%), estimated by an MIP assay, of five AM fungal

assemblage inocula (S1-S5) used in experiments with Typha latifolia and

Panicum hemitomon
,
along with the amount of inoculum used in each assay.

Host plant SI S2 S3 S4 S5 Inoculum (g)

Typha 61 (16) 54 (32) 45 (20) 84 (7) 72 (23) 25

Panicum
+ XT..

7(9) 15(7) 32(17) 20 (8) 26 (12) 10

Numbers in parenthesis are the standard deviation.

The pasteurized potting medium (see above) was mixed with tap water, or a

solution ofKH2PO4 to provide appropriate P amendments, placed into 1.5 1 plastic pots

and held for 2 wk in the greenhouse before transplanting approximately 5 cm tall

T. latifolia or 25 cm tall P. hemitomon plants into the experimental units. A mixture of

potting medium and roots from each assemblage culture was used as inocula in the

experiments. The assemblage inoculum (20 ml for T. latifolia
,
40 ml for P. hemitomon

,

except site 1 that received 60 ml) was supplied at the time of transplantation directly to

the plant roots. The inocula were in their second pot culture generation for T. latifolia,

and their fifth pot culture generation for P. hemitomon. Typha latifolia nonmycorrhizal

controls received 40 ml of roots and potting medium of a noninoculated Z. mays culture,

while nonmycorrhizal controls ofP. hemitomon received 50 ml of site 4 inoculum filtrate

(0.8 pm pore-size Supor 800, GelmanSciences, Ann Arbor Michigan). Initially, there
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were 3 plants per pot for T. latifolia, and 1 for P. hemitomon. The T. latifolia plants were

thinned to 1 plant after 2 wk. Plants were grown for 4 to 5 wk before flooding to allow

for the establishment ofAM fungal colonization, after which half of the pots were placed

individually in plastic bags and flooded with tap water. Two redox probes per treatment

for T. latifolia
,
and three per flooded treatmentfor P. hemitomon were randomly

allocated to pots after flooding, and placed 10 cm below the soil surface. The water level

in the flooded treatment was maintained between 3 to 5 cm above the soil surface. One

week after flooding, 100 ml of a dilute (0.1 x cone.) modified Hoagland’s solution

(Hoagland and Arnon, 1938) containing no P was applied to all plants and weekly

thereafter.

The experiment for T. latifolia was conducted from 22 Nov. 2002 to 3 March 2003

with supplemental light, providing a 14 h day, while the experiment for P. hemitomon

was conducted from 27 April 2004 to 16 August 2004 with ambient light. For T. latifolia

the mean maximum and minimum temperatures were 31 and 21°C respectively, and the

mean maximum photosynthetic photon flux density (PPFD) was 811 pmol m'
2

s'
1

;
for

P. hemitomon the respective conditions were 36 and 25°C, and 1500 pmol m'
2

s'
1

.

At the end of each experiment the shoots were cut at the soil line, and height and

oven dry mass (60°C, 48 h) were determined. The roots were washed free of soil, an

approximately 0.
1 g wet weight portion was taken to estimate colonization, and the oven

dry mass of the remainder was measured with necessary adjustments to account for the

portion removed for staining. Additionally, for P. hemitomon the rhizome dry mass was

determined. Roots were cut into 1 cm lengths and cleared in 10% KOH for 45 min at

80°C, rinsed in tap water and immersed in 2.5% HC1 for 30 min, and stained with trypan
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blue. Mycorrhizal colonization was estimated according to McGonigle et al. (1990),

separately quantifying hyphae, vesicles, arbuscules, and coils. Shoot and root samples

were ground to pass a 20 mesh sieve, P was measured colorimetrically with the method

ofMurphy and Riley (1962), and shoot P cone. (SPC), root P cone. (RPC), and total

shoot P (TSP) and total root P (TRP) contents were estimated.

Statistical Analysis

Mycorrhizal colonization data were arcsine transformed to normalize their

distribution, while all other data were square-root transformed prior to analysis. A general

linear-model (SAS Institute Inc, 1999) was applied to the data to test for significant

differences among the main effects (AM fungal assemblage inoculum, water, and P) and

their interactions for all responsive variables. Multiple pair-wise comparisons, using an

experimentwise error rate ofa = 0.05, were performed using least-significant means with

the Tukey adjustment. To determine differences in effects among different AM fungal

assemblages a separate statistical analysis was performed, excluding the nonmycorrhizal

controls. The redox data were analyzed with a repeated measures procedure in SAS.

Results

Typha latifolia

The main effects of water and P were generally highly significant, but the inoculum

was significant only for SPC and RPC, and for the interactions between inoculum and P

for plant height, shoot mass, and SPC (Table 3-2). There were no differences among
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AM fungal assemblages, except for SPC and RPC (Table 3-3). Redox potential indicated

that the flooded treatments were anaerobic (-177 ±125 mV); for the free-drained

treatments redox was on the average +133 (±83) mV. In flooded soils AM colonization

was low (less than 6% on the average), while in the free-drained treatments colonization

was high at 0 P, but decreased at higher P levels (Fig. 3-1). Under free-drained conditions

the dominant AM morphology was arbuscular, and no coils were observed (Fig 3-lb).

Only hyphae were observed in the noninoculated controls, most likely from nonAM

fungi.

All plant growth parameters increased with flooding (Fig. 3-2), except for tillering

where there was no difference among treatments. Addition of 20 mg P kg'
1

also increased

plant-growth parameters, without further increases at 50 mg P kg'
1

,
while the plant P

parameters TSP, TRP, and RPC increased across the full range of P amendment

(Fig. 3-3). Although overall there were no differences among nonmycorrhizal and

mycorrhizal plants, some AM fungal assemblages performed better with respect to the

plant P parameters in the free-drained treatments. Nonmycorrhizal plants had lower SPC

in the 0 P, free-drained treatment than plants colonized by assemblages from sites 1

and 4, and lower RPC and TRP than plants colonized by assemblages from sites 2 and 4

in the 20 P, free-drained treatment. Among the AM fungal assemblages there were

overall differences for SPC, RPC, and TRP. These differences were in the 0 P,

free-drained treatment for SPC and in the 20 P, free-drained treatment for RPC and TRC.

No AM fungal assemblage had a consistent impact on plant P parameters.
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Figure 3-1. Typha latifolia root colonization parameters. A) Percentage of root length

colonization by AM fungi, as affected by water treatment and P amendment
(mg kg'

1

). B) Percentage of arbuscular and vesicular root colonization, as

affected by P amendment under free-drained conditions only. The AM fungal

assemblages were combined because no significant differences occurred

among inocula. Bars represent means of 25 replicates ± SEM.
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Figure 3-2. Typha latifolia plant growth parameters, as affected by water treatment and

P amendment (mg kg'
1

). The AM fungal assemblages were combined because

no significant differences occurred among inocula. Bars represent means of 30

replicates ± SEM.
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Figure 3-3. Typha latifolia plant P parameters, as affected by inoculum, water treatment

(free-drained, FD; flooded, F), and P amendment (mg kg'
1

). Total Shoot P,

TSP; Total Root P, TRP; Shoot P Concentration, SPC; Root P Concentration,

RPC. Bars represent means of 5 replicates ± SEM.
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Panicum hemitomon

All main effects were significant, except for water on root biomass, and P for

tillers, height, and root-to-shoot ratio (R/S, Table 3-4). There were also significant

differences among the AM fungal assemblages (Table 3-5, 3-6). The redox potential

decreased rapidly to approximately -400 mV within 20 d after flooding and was stabile

thereafter (Fig. 3-4). Flooding alone did not eliminate root colonization, which ranged

from 1-17% at 0 P (Fig. 3-5); but minimal colonization at higher P levels in the flooded

treatments. In the free-drained treatments colonization was also suppressed at higher P

levels. Among AM fungal assemblages there were differences in colonization at higher P,

with assemblages from sites 1 and 2 colonizing less. There were also differences in the

extent of root colonization among AM fungal assemblages in the 0 P, flooded treatment.

There was no enhancement of coil development with flooding; coil formation and all

other colonization parameters was suppressed with flooding. The AM fungal assemblage

from site 4 formed more coils and arbuscules relative to the other sites, especially in the

50 P, free-drained treatment.

All plant parameters increased with flooding, except for root biomass (no

difference), and R/S (decreased with flooding). Addition ofP had either no effect for the

flooded treatments, or actually decreased rhizome biomass at both 20 and 50 mg kg'
1

,
and

shoot and root biomass at 20 mg kg'
1

. With flooding all differences between

nonmycorrhizal and mycorrhizal plants were eliminated, but there were some differences

among the AM fungal assemblages at 0 P for root and shoot biomass, tillering, TSP and

TRP, and also at 20 P for height. In the free-drained, 0 P treatment nonmycorrhizal plants

were smaller, but had no difference in R/S, compared to the mycorrhizal plants (Fig. 3-6).
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Figure 3-4. Panicum hemitomon redox potential over the course of the experiment in

flooded treatments, as affected by P amendment (mg kg'
1

). The first

measurement was taken a week after flooding. Symbols represent means of 18

replicates ± SEM.

These plants had lower SPC and TSP, but only one assemblage inoculum outperformed

them in RPC (site 3), and TRP (site 2) (Fig. 3-7). At higher P levels the free-drained,

nonmycorrhizal plants were not different, or outperformed the mycorrhizal plants, except

for assemblages from sites 3 and 4 for SPC, and site 3 for RPC in the 50 P treatment.

Among the AM fungal assemblages there were small differences in 0 P, free-drained

treatments for shoot mass, but more pronounced differences in 20 and 50 P, free-drained

treatments for root and rhizome mass. However, no AM fungal assemblage provided a

consistent response for all treatments or for all parameters.
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Figure 3-5. Panicum hemitomon root colonization parameters, as affected by inoculum,

water treatment (free-drained, FD; flooded, F), and P amendment (mg kg'
1

).

Total-Root Colonization, RC; Coil-Root Colonization, CRC; Arbuscular-Root

Colonization, ARC; Vesicular-Root Colonization, VRC. Bars represent means

of 5 replicates ± SEM.
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OP 20 P 50 P

Figure 3-6. Panicum hemitomon growth parameters, as affected by inoculum, water

treatment (free-drained, FD; flooded, F), and P amendment (mg kg'
1

). Bars

represent means of 5 replicates ± SEM.
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Figure 3-7. Panicum hemitomon P parameters, as affected by inoculum, water treatment

(free-drained, FD; flooded, F), and P amendment (mg kg'
1

). Total Shoot P,

TSP; Total Root P, TRP; Shoot P Concentration, SPC; Root P Concentration,

RPC. Bars represent means of 5 replicates ± SEM.
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Discussion

Typha latifolia

The mycorrhizal association in T. latifolia did not survive flooding. Although there

are reports that Typha spp. were not colonized in wetlands (Thormann et al., 1999;

Beck-Nielsen and Madsen, 2001; Cornwell et al., 2001), there is no doubt that Typha sp.

is mycorrhizal, with a wide range (2 to 61%) of colonization (Rickerl et al., 1994; Turner

and Friese, 1998; Turner et al., 2000; Bauer et al., 2003). In the greenhouse, Dunham et

al. (2003) found that inundation in nutrient solution did not prevent vesicle and arbuscule

formation in I latifolia
;
however, the nutrient solution was replaced weekly and

therefore redox levels were likely aerobic.

Under free-drained conditions we found active arbuscular colonization, but there

was no benefit in plant-growth parameters, relative to the controls. However, there was a

benefit in plant P parameters for the free-drained treatments, but only for some AM

fungal assemblages. Thus the mycorrhizal association ranged from beneficial to parasitic,

depending on the AM fungal assemblage. Similarly, Dunham et al. (2003) found that AM

fungi had a negative impact on T. latifolia biomass and seedling growth, but a positive

effect on P and N concentrations. For Typha angustifolia, Tang et al. (2001) found that

AM plants had higher shoot biomass relative to the controls at high inoculum densities,

but no differences in shoot nutrient concentration. The effects ofAM fungi on wetland

plants are not always increased biomass and improved nutrition. For Spartina spp.

(another common wetland plant), McHugh and Dighton (2004)—in a greenhouse

experiment involving different inundation and P levels—found that AM fungi had no

effect on plant growth, but increased tillering and reduced plant P concentration. It is

clear that mycorrhizae are not always beneficial (Klironomos, 2003). It is important to
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include nonflooded controls when investigating mycorrhizal effects on wetland plants,

because these treatments allow distinction between the interaction of flooding and

inoculum and the effects of the inoculum itself.

Panicum hemitomon

Colonization was not eliminated with flooding for P. hemitomon', nonetheless,

flooding and P amendment reduced colonization. This is in agreement with field (Miller,

2000) and greenhouse (Miller and Sharitz, 2000) observations with P. hemitomon
;

however, it is in variance with our own observations in BCM, where colonization was not

affected by flooding (Chapter 2). As pointed out by Miller and Sharitz (2000), this may

be due to the absence of an established root system with associated aerenchyma and

oxygen transport that exists in the field. Flooding did not affect the morphology ofthe

mycorrhizal association, having no effect on coil, arbuscule or vesicle formation. This is

in contrast to reports of enhanced coil formation in wetlands by others (Rickerl et al.,

1994; Smith and Smith, 1997; Cantelmo and Ehrenfeld, 1999; Cavagnaro et al., 2001).

The symbiotic association between AM fungal assemblages and P. hemitomon was

beneficial, as overall plant growth improved; however, any beneficial effects were

eliminated at higher P concentration and with flooding. In fact, at higher P concentrations

some AM fungal assemblages were detrimental. Others found that at low P levels,

inoculated P. hemitomon plants had better P and N nutrition over a range of water

treatments (Miller and Sharitz, 2000). Nonetheless (as observed with T. latifolia), distinct

AM fungal assemblages had different effects on plant growth and nutrition. Determining

whether this was due to differences in their AM fungal species composition, the

abundance of a particular species, or other microorganisms, was beyond the scope of our
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study. However, both T. latifolia and P. hemitomon usually form monospecific stands in

BCM; thus they may have unique AM fungal assemblages associated with them.

There is a significant interaction between the plant and AM fungal assemblage.

Interspecific variation in the plant host can affect the outcome of the symbiosis

(van der Heijden and Kuyper, 2001). Sylvia et al. (2003) demonstrated specificity

between host ecotypes and symbiotic fungi from the same location. However, we were

not able to demonstrate specificity between host plants and AM fungal assemblages. This

may be due to the fact that the plant material used in our experiment was not from the

same location as the fungal material (BCM vs. University wetland), and successive pot

culture of inoculum may have changed the original wetland fungal assemblages, such as

the infectivity changes shown with the MIP test.

We did find evidence that AM fungal assemblages differ in the extent of root

colonization under flooded conditions. Miller and Bever (1999) found differences in AM

fungal species richness with water depth in a P. hemitomon wetland and proposed that

there were differences among different fungal species regarding tolerance of wetland

conditions. However, there were no differences among soils from different depths in the

ability to colonize plants under different water regimes (Miller, 2000). Others found that

AM spores in a salt marsh were more tolerant to salinity and flooding than lab isolates

(Carvalho et al., 2004).

There is a discrepancy between our greenhouse study and field observations

(Chapter 2) that reinforces the need for caution when interpreting results of greenhouse

studies, because the outcomes of the symbiosis depend on the particular plant-fungus-

environment combination. Nonetheless, our results suggest functional differences among
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AM fungal assemblages that vary with plant species, water and P status. Further studies

should focus on understanding the species composition of the assemblage, and potential

adaptation to wetland conditions among these fungal species.



CHAPTER 4

EFFECT OF FLOODING ON SPREAD OF EXTRARADICAL HYPHAE OF
ARBUSCULAR MYCORRHIZAL FUNGI

Introduction

The extraradical mycelia of mycorrhizal fungi extend the area of nutrient

absorption in the soil and form the mycorrhizosphere. Several studies showed that hyphae

can extend several centimeters away from the root (Rhodes and Gerdemann, 1975;

Schiiepp et al., 1987; Miller et al., 1989; Harinikumar and Bagyaraj, 1995). There are

differences among arbuscular mycorrhizal (AM) fungi including the pattern, extent, and

rate of extension of hyphal spread (Graham et al., 1982b; Miller et al., 1989; Jakobsen et

al., 1992); the length specific hyphal P uptake (Schweiger and Jakobsen, 2000); and

hyphal diameter (Dodd et al., 2000). There can also be differences in hyphal extension

with soil types (Schiiepp et al., 1987).

Although AM fungi are aerobic, they are known to exist in wetlands, where they

likely obtain oxygen from the aerenchyma of wetland plants. However, the volume that

can be aerated with this mechanism is limited (Armstrong et al., 2000), raising the

question as to the extent from the roots that AM fungal hyphae grow into the less aerated

wetland soil. Schack-Kirchner et al. (2000) found that ectomycorrhizal hyphae could not

access intra-aggregate space, because ofO 2 limitation. Others showed that although

extraradical mycelia were reduced by flooding and salinity in salt marshes, a considerable

hyphal network (4.7 m g' 1

soil d.w.) still remained (Carvalho et al., 2003a; Carvalho et

al., 2004).
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Effectiveness ofAM fungi (referring to their ability to confer a benefit to the plant

host) may be related to characteristics of root colonization and hyphal extension (Miller

et al., 1989), and AM fungi are known to differ in this regard (van der Heijden et al.,

1998b). In addition, AM fungi may differ in their ability to adapt in particular

environments. In wetlands, there is evidence of adaptation to salt-marsh conditions

(Carvalho et al., 2004), and changes in AM fungal assemblage structure (Miller and

Bever, 1999).

The objectives of our study were to:

• Investigate the ability ofAM fungal hyphae to extend into soil away from the roots

under flooded conditions,

• Determine ifAM fungal assemblages differ in this regard.

Materials and Methods

The experimental design for each host plant was factorial, with two levels of water

(flooded and free-drained), 5 AM fungal assemblages and a control, and 5 replicates per

treatment combination. The plant species Typha latifolia L. and Panicum hemitomon

Schult, were used in separate experiments as the host plant.

Seeds of T. latifolia and cuttings ofP. hemitomon and were collected from a

constructed wetland at the University of Florida campus, in Gainesville FI. Seeds of T.

latifolia were surface disinfected with 3% sodium hypochlorite solution for 2 min, and

germinated in a tray in the greenhouse containing a potting medium that consisted of

equal parts of peat, vermiculite, and a low-P, low-organic matter soil (Pomona series,

sandy, siliceous, hyperthermic Ultic Haplaquod soil). The potting medium was

pasteurized twice to 85°C for 24 h, with 24 h between heating. Typha latifolia seedlings

were grown for 10 wk before transplanting approximately 5 cm tall seedlings. Panicum
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hemitomon plants were cut under the third leaf and allowed to root in vermiculite in a

mist bed in a greenhouse for 4 weeks before transplanting 25 cm tall plants.

Assemblage inocula ofAM fungi were derived from soil from different vegetation

and nutrient-impacted assemblages ofBlue Cypress Marsh (BCM, Chapter 2) and

maintained on Zea mays (v. Silver Queen) in the greenhouse in potting medium. The

BCM vegetation communities consisted of monospecific sites of: nutrient-impacted

Typha spp. (site 1); nutrient-impacted C. jamaicense (site 2); nonimpacted (site 3) C.

jamaicense', nonimpacted P. hemitomon (site 4); and a nutrient-impacted site with mixed

vegetation of primarily Typha spp. and C. jamaicense (site 5). A mycorrhizal infection

potential (MIP) assay was conducted on each inoculum at the initiation of each

experiment (Table 4-1, Sylvia, 1994).

Table 4-1. The relative infectivity (%), estimated by an MIP assay, of five AM fungal

assemblage inocula (S1-S5) used in experiments with Typha latifolia and

Panicum hemitomon.

Host plant SI S2 S3 S4 S5

Typha 7(9) 15(7) 32(17) 20 (8) 26(12)
Panicum

TTT. t i .

23 (16) 33 (23) 83 (28) 43 (27) 56 (35)

Numbers in parenthesis are the standard deviation, n=3.

Studies were conducted in tripartite compartmentalized experimental units

(Fig. 4-1). The spreader compartments were constructed by fixing nylon meshes

(20 pm pore-size) in one end of commercially available vinyl gutter downspout elbows

(5.5 x 7.5 cm inside cross section, 15 cm overall length) and covering them with

aluminum foil. These compartments were filled with pasteurized potting medium. The

inoculum consisted of potting medium containing spores and colonized roots ofAM

fungal assemblage-inocula (40 ml wet weight, except of site 1 inoculum for T. latifolia

where 60 ml were used, because of low infectivity) and was placed in the spreader
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Figure 4-1. Diagram of the compartmentalized experimental unit. A) Spreader

compartment. B) Receiver compartment. C) Hyphal compartment. D)
Inoculum band. E) Redox probe port. F) Lip to retain water

compartments as a band, 2.5 cm below the medium surface at the time of transplantation.

Spreader compartments for controls and receiver compartments were filled with

pasteurized potting medium only. Control plants were not included for T. latifolia. The

inocula were in their fifth pot culture generation for T. latifolia and, their second pot

culture generation for P. hemitomon.

Initially there were 2 plants per pot for I latifolia
,
and 1 for P hemitomon. The

T. latifolia plants were thinned to 1 plant after 2 wk and were grown for 8 wk in the

spreader and receiver compartments before flooding to allow establishment ofAM fungal

colonization. Panicum hemitomon plants were grown for 4 wk before flooding. After

flooding, T. latifolia plants were grown in the greenhouse for 7 wk, and P. hemitomon

plants for 4 wk. The T. latifolia experiment ran from 5 May to 12 September, 2004, with

approximate mean maximum and minimum temperatures of 36 and 24°C, respectively,

and mean maximum photosynthetic photon flux density (PPFD) of 1506 pmol m'
2

s'
1

.

We grew P. hemitomon from 1 October, 2003 to 12 January 2004 in the greenhouse, with

additional light to a 14 h day. The approximate mean maximum and minimum
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temperatures were 32 and 18°C respectively, and the mean maximum photosynthetic

photon flux density (PPFD) was 1235 pmol m'
2

s'
1

.

At flooding, the aluminum foil was removed and the compartments were connected

to the medium filled hyphal compartments to form the compartmentalized experimental

units. The hyphal compartments were 30 cm long vinyl gutter downspout, that allowed

20 cm for hyphal spread after connecting to the receiver and spreader compartments. A

5 cm piece of gutter downspout was attached to the rim of the spreader and receiver

compartments of half of the compartmentalized pots, to permit addition of water 5 cm

above the soil surface in flooded treatments. Two holes (0.5 cm diam) were drilled under

each receiver and spreader compartment of the free-drained compartmentalized pots. One

hole was drilled in the middle top of the hyphal compartments of selected units to allow

the placement of redox probes (3 probes per treatment, 5 cm depth). The flooded units

were sealed around the redox holes and joints with silicon caulk. The free-drained units

received 100 ml of tap water every other day, and water was added to flooded units as

needed to maintain the water level at 5 cm about the medium surface. After flooding, all

plants were fertilized once a week with 50 ml of a dilute (0. 1 x concentration) Hoagland’s

solution that included P (Hoagland and Arnon, 1938).

Seven weeks after flooding for T. latifolia
,
and 4 wk for P. hemitomon, plants in the

spreader and receiver compartments were removed, and amount ofAM fungal root

colonization was estimated (Sylvia, 1994). The spread of extraradical hyphae was

assessed as follows. The soil in the hyphal compartments was carefully extracted from

the side attached to the spreader compartments into containers marked to indicate

intervals of 0.0-2. 5, 3. 5-6.0, 7. 0-9. 5, 10.5-13.0, and 14.0-16.5 cm. Extracted segments
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were used to establish trap cultures in 164 ml CIO cone-tainers (Stuwen and Sons, Inc,

Corvalis, OR). Three Z. mays seeds were planted in each unit, and they were placed in a

growth chamber (29/23 °C day/night, with a 15 h light period and irradiance of 1000

pmol m'
2

s'
1

) for at least 4 wk. At harvest, the roots were washed, cleared in 10% KOH

for 45 min at 80°C, rinsed in tap water, immersed in 2.5% HC1 for 30 min, and stained

with trypan blue staining before presence or absence ofAM fungal colonization was

evaluated using the dissecting microscope.

Statistical Analysis

A general linear-model (SAS Institute Inc, 1999) was applied to the data to test the

main effects and their interactions on root colonization and distance of hyphal spread.

Multiple pair-wise comparisons using an experimentwise error rate ofa = 0.05 were

performed, using least-significant means with the Tukey adjustment. Mycorrhizal

colonization data were arcsine transformed to normalize their distribution before analysis.

For redox data we used a repeated measures analysis with SAS.

Results and Discussion

Typha latifolia

For the T. latifolia experiment, colonization was eliminated from most of the

flooded plants and was on the average 2% (±5%). The redox levels at the end of the

experiment were +104 (± 85) mV for the free-drained treatments and -477 (±53) mV for

the flooded, and were not different among inocula. For the free-drained treatments

colonization was not statistically different among inocula and was 77% (±18%), and in

almost all ofthem the extraradical hyphae reached the distal hyphal compartment interval

sampled (14-16,5 cm). A few trap plants also become colonized (past 20 cm, Table 4-2).

Some compartments were penetrated by roots and some plants were lost because of
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insects, accidentally, or remained stunted. As a result the number of replicates varied, and

there were not enough left for analysis for the free-drained site 4. Therefore, there were

no differences among AM fungal assemblage hyphal extension ability detected

(Table 4-3).

Table 4-2. Number of trap cultures with presence ofAM fungal colonization at increasing

distance from Typha latifolia spreader plants.

Distance (cm) SI

Free-Drained

S2 S3 S4 S5 SI S2

Flooded

S3 S4 S5

0.0-2.

5

5 4 3 2 3 1 1 0 0 0

3. 5-6.0 5 4 3 2 2 0 0 0 0 0

7.0-9.

5

5 4 3 2 2 0 0 0 0 0

10.5-13.0 4 3 3 2 2 0 0 0 0 0

14.0-16.5 3 3 3 2 1 0 0 0 0 0

n 5 4 3 2 3 5 4 5 5 5

Table 4-3. Effects ofAM fungal assemblage inoculum and water status on percentage of

root length colonization and hyphal spread of Typha latifolia and Panicum

hemitomon ANOVA table (P values).

Typha

Colonization

latifolia

Hyphal Spread

Panicum hemitomon

Colonization Hyphal Spread

Inoculum (In) 0.27 0.52 0.49 0.035

Water <0001 <0001 <0001 <0001

Water x In 0.061 0.41 0.83 0.45

Panicum hemitomon

Flooding and the AM fungal assemblage inocula significantly affected hyphal

spread (Table 4-3). Flooding also suppressed AM root length colonization of

P. hemitomon from 29% (±17%) in free-drained treatments to 1 1% (±6%) when flooded,

with no differences among the assemblage inocula. The redox levels at the end of the

experiment were +217 (± 61) mV for the free-drained treatments, and -464 (± 18) mV for

the flooded treatments, with no differences among inocula. Under free-drained conditions

hyphal extension into the hyphal compartment varied from 6 to 13 among AM fungal
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assemblages (Table 4-4). Differences among the assemblages were not likely due to

differences in their inoculum potentials, because colonization and infectivity

(Table 4-1, 4-3) did not differ among inocula. Extant reports of extraradical hyphal

development include 3 cm from apple roots in 4 wk (Miller et al., 1989), 8 cm from onion

roots in 5 wk (Rhodes and Gerdemann, 1975), 12.5 cm from Laucaena roots in 8 wk

(Harinikumar and Bagyaraj, 1995), and 1 1 cm from Trifolium roots in 47 d (Jakobsen et

al., 1992).

Table 4-4. Number of trap cultures with presence ofAM fungal colonization at increasing

distance from Panicum hemitomon spreader plants (n=5),

Distance (cm) SI

Free-Drained

S2 S3 S4 S5 SI S2

Flooded

S3 S4 S5

0.0-2.

5

5 5 5 5 5 0 2 1 1 0

3. 5-6.0 5 5 3 5 4 0 2 0 1 0

7. 0-9.

5

4 3 2 3 0 0 2 0 0 0

10.5-13.0 0 2 1 3 0 0 1 0 0 0

14.0-16.5 0 0 0 0 0 0 1 0 0 0

.Although P. hemitomon retained considerable AM fungal root colonization under

flooded conditions, the associated AM fungi—for the most part—did not extend beyond

2.5 cm into the hyphal compartments. There was an indication that site 2 assemblage

inoculum had the ability to extend furthest under flooded conditions (Table 4-4). Higher

redox status in the flooded treatments could have allowed more extended hyphal spread.

Others found that in wetlands hyphal length was reduced with lower redox (Beck-Nielsen

and Madsen, 2001), and that there were high amounts of extraradical hyphae adhering to

roots (Hildebrandt et al., 2001). On the other hand, in an aerated hydroponic solution

nonmycorrhizal plant roots would get colonized only if in direct contact with mycorrhizal

roots (Hawkins and George, 1997), There is a lack of data on extraradical hyphae in
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wetlands and further field and greenhouse studies regarding AM hyphal spread in

wetlands is needed.



CHAPTER 5

CONCLUSIONS

The objective was to investigate how season, hydrology, vegetation and nutrient

loading affect the dynamics and function of arbuscular mycorrhizal (AM) fungal

assemblages in wetlands. In addition, the response of two broad microbial groups,

bacteria and total fungi, to these factors was investigated. In Blue Cypress Marsh (BCM),

we found that although nutrient loading affected total fungi, bacteria, and AM fungi,

vegetation (and to a lesser extent season) confounded these effects. Hydrology

(surprisingly) did not affect AM fungi, which most likely were controlled by plant carbon

availability. Greenhouse experiments were then conducted to confirm these findings and

investigate AM fungal function. Mycorrhizal fungal root colonization and hyphal

extension were suppressed by flooding in the greenhouse; however, this was also a

function ofP levels, plant species, and AM fungal assemblage. No AM fungal

assemblage had a consistent positive, neutral, or negative impact on plant growth and

nutrition, and the outcome of the association depended on the particular combination of

environmental conditions (P, and water status), plant species, and mycorrhizal

assemblage.
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APPENDIX A
BLUE CYPRESS MARSH HYPHAL LENGTH AND MYCORRHIZAL INFECTION

POTENTIAL ASSAY

Introduction

In Blue Cypress marsh hyphal length was also considered as an indicator, and was

measured on some samples. However, it was very tedious, and another fungal indicator,

ergosterol (which was considered less subjective and more reliable) was already

measured. In addition, a mycorrhizal infection potential (MIP) assay was performed, to

evaluate whether direct wetland soil could be used as arbuscular mycorrhizal (AM)

fungal inoculum for the greenhouse experiments.

Materials and Methods

The total fungal length was measured using the membrane filter method (Hanssen

et al., 1974) using calcofluor M2R white as a fluorescent stain as described by Stahl et

al. (1995) and altering it with phase contrast. One gram of fresh sample was homogenized

in a Waring blender with 500 ml of filter sterilized (0.45 pm pore size) distilled water for

1 min. A 1 ml aliquot was immediately removed and added into the filter holder tower

and mixed with 1 ml of a 2.3 pg ml'
1

filter sterilized (0.2 pm pore size) polycarbonate

membrane filter for 15-20 sec. The solution was vacuumed, the filter was allowed to dry

and was mounted on a slide with one drop of immersion oil. Another drop of immersion

oil was placed on top of it and finally covered with a glass cover slip. A Nikon Optiphot

microscope (Nippon Kogaku K.K, Tokyo, Japan) equipped with a Hg lamp was used for

measurements. Twenty fields per filter were counted at a 1000 times magnification. Each
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filter was first counted by fluorescence, which was then altered by phase contrast. Hyphal

length was counted with the gridline intersect method (Newman, 1966). An attempt was

made to evaluate whether different sample processes will affect measurements of total fungal

length. Soil samples were processed with different blending times (30-60 sec) and at different

dates (about 1 month apart) to investigate if the blending time and storage at 4°C have any

significant effects. Data were analyzed using a general linear model with SAS and

Pearson’s correlation’s (SAS Institute, 1999). The MIP test was conducted as described

by Sylvia (1994).

Results and Discussion

There was no significant difference with blending time or storage at 4°C or different

plant communities (Salix,
mixed herbaceous, and Slough - Table A-l). Note that in

calculating hyphal length it was assumed that the density of hyphae in soil was 1.3 mg' 1

,

which was likely too high for BCM, that the solids content was 0.3, which was unlikely

due to the organic nature ofBCM soil. For soil and detrital total fungal length (Fig. A-l,

A-2), statistical analysis showed that there was no correlation with soil ergosterol. Stahl

and Parkin (1996) working with 7 Iowa soils found small, but significant correlation

between soil ergosterol content, total, and living fungal length. They attributed the low

correlation to the fact that most of the fungal hyphae in the soil are nonliving and

therefore contain no ergosterol. They found evidence that soils with low total fungal

lengths had higher ergosterol per unit of living fungal biomass. In our case total fungal

length was low (on the average it did not exceed 8 m g' 1

d.w.; the low in Stahl and

Parkin (1996), was 20 m/g d.w. Soil ergosterol levels ranged from 0 to 25 pg g' 1

soil

d.w., with an average of 7.45 pg g’ 1

soil d.w., which were higher than those found in the

Everglades where the average was 2.79 and 2.84 pg
g’ 1

d.w. under Typha sp. and
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C. jamaicense, respectively (Hackney et al., 2000), and higher than the values

(3.49 pg g' 1

d.w.) of a prairie soil in Stahl and Parkin (1996), which were the highest of

all 7 soils they investigated.

Table A-l. Total fungal length (m) of three vegetation communities ofBCM change with

blending time.

Date

Blending

Time (sec) Salix Mixed Herbs Slough

12/18/2001 30 2.78 (0.59) 3.50 (0.97) 3.66 (0.77)

12/18/2001 45 2.49 (0.97) 3.79 (1.68) 3.38 (1.12)

12/18/2001 60 2.15 (1.40) 2.80(1.15) 3.32 (0.78)

01/11/2002 60 2.97 (1.64) 2.84 (0.44) 4.49 (0.48)

Numbers in parenthesis show standard error of the mean, n=3.

The infection potential of the BCM soil was low, with AM root colonization of

corn plants not exceeding 10 % (Table A-2). Therefore it was essential to culture the

inoculum to increase the infection potential and have a readily accessible source of

inoculum.

Table A-2. Percentage ofZea mays root colonization from a mycorrhizal infection

potential (MIP) assay, conducted with lOg of soil from BCM sites (see

Chapter 2). Site 6 had mixed vegetation, primarily Salix caroliniana Minchx.

Site 1 Site 2 Site 3 Site 4 Site 5 Site 6

3.52 (0.92) 3.28 (1.31) 7.14(2.81) 9.07 (1.57) 5.17(1.95) 1.67 (0.57)
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Figure A-l. Soil total fungal length with standard error of the mean for different Blue

Cypress Marsh sites/vegetation types at two different points of the season.
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APPENDIX B
EFFECTS OF ARBUSCULAR MYCORRHIZAL FUNGI, FLOODING, AND

PHOSPHORUS AMENDMENTS ON GROWTH AND NUTRITION OF CLADIUM
JAMAICENSE CRANTZ.

Introduction

In the experiments described in Chapter 3 not only Typha latifolia L. and Panicum

hemitomon Schult, but Cladiumjamaicense Crantz was also used. However, there was no

arbuscular mycorrhizal (AM) fungal colonization at the end of the experiment. Initially, it

was believed that the inoculum used had low infectivity, due to prolonged storage (about

a year); it was repeated with fresh (re-cultured) inoculum with higher infectivity, and yet

again no AM fungal colonization took place. Therefore C. jamaicense results are

included here, instead of Chapter 3. For distinction these two C. jamaicense experiments

are labeled Cladium- 1 and Cladium-2.

Materials and Methods

The experimental design, materials, methods, and statistical analysis are described

in Chapter 3. Seeds of C. hemitomon were collected from a constructed wetland at the

University ofFlorida campus in Gainesville, FL, and were placed for 72 h in a 3%

sodium hypochlorite solution, as described by Ponzio (1998), for surface disinfection and

to improve germination. The seeds were germinated in the greenhouse in a tray

containing potting medium, and seedlings were grown for 8-10 wk before transplantation.

A mycorrhizal infection potential (MIP) assay was conducted on each inoculum at the

initiation of each experiment (Table B-l, Sylvia, 1994). At transplanting, plants were

approximately 10 cm tall for Cladium- 1, and 5 cm tall for Cladium-2. A mixture of
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Table

B-l.

The

relative

infectivity

(%),

estimated

by

an

MIP

assay,

of

the

five

community

inocula

used

in

the

experiments

and

amount

of

inoculum

used

in

each

assay.

Numbers

in

parenthesis

are

the

standard

deviation.

Inoculum

Experiment

SI

S2

S3

S4

S5

generation

Inoculum

(g)

Cladium-1

30.39

(22.86)

25.38

(14.53)

18.28

(15.15)

33.58

(25.97)

28.44

(13.66)
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potting medium and roots from each community culture was used as inocula in the

experiments. The AM fungal assemblage inoculum (40 ml) was supplied at the time of

transplantation directly to the plant roots. The inocula were in their second pot culture

generation for Cladium-1, and their third generation for Cladium-2. Cladium-1 controls

received 40 ml of roots and potting medium of a noninoculated Zea mays L. culture,

while nonmycorrhizal controls of Cladium-2 received 50 ml of site 4 inoculum filtrate

(0.8 pm pore-size Supor 800, GelmanSciences, Ann Arbor Michigan). Initially, for all

experiments there were 3 plants per pot that were thinned to 1 plant after 2 wk. Plants

were grown for 4 wk for Cladium-1 and for 6 wk for Cladium-2, before flooding to

(presumably) allow for the establishment of AM fungal colonization. For the C.

jamaicence experiments 3 redox probes per treatment were randomly allocated to pots

after flooding, and placed 10 cm below the soil surface. Due to the large number of redox

probes required, the probes were rotated among the pots and readings were taken after

allowing at least 24 h for the probes to stabilize.

The experiment for Cladium-1 was conducted from 7 April 2003 to 5 August

2003, and Cladium-2 was conducted from 18 Nov. 2003 to 30 May 2003, both with

ambient light. For Cladium-1 the mean maximum and minimum temperatures were 41

and 30°C respectively, and the mean maximum photosynthetic photon flux density

(PPFD) was 771 pmol m'
2

s'
1

;
for Cladium-2 the respective conditions were 32 and 21°C,

and 945 pmol m'
2

s'
1

. At the end of each experiment the same parameters as in Chapter 3

were determined; however, roots and shoots were not analyzed for phosphorus.
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Results and Discussion

In both experiments there was no C. jamaicense colonization under both upland

and wetland conditions. Initially the lack of colonization was attributed to low inoculum

infectivity, as determined with the MIP test (Table B-l). Therefore the experiment was

repeated with freshly harvested inoculum culture; however, in Cladium-2 colonization

although visualized, it never exceed 1%. We did observe arbuscules and coils in

Cjamaicense roots throughout the year in BCM, ranging 1-20%. Studies from the

Everglades have shown contrasting results. Aziz and Sylvia (1995) reported 8-23%

Cjamaicense AM fungal root colonization (Hole in the doughnut), while Jayachandran

and Shetty (2003) reported only one of the 12 everglades soils sampled to have no

colonization. Meador (1977) and Ewel (1986), reported lack of C. jamaicense AM fungal

root colonization.

Despite the lack of colonization at the end of the experiment under free drained and

flooded conditions, inoculated plants performed overall better in Cladium-1. There were

significant inoculum effects for all the parameters measured, except for the root-to-shoot

ratio (R/S, Table B-2). There were differences among inocula (Table B-3). The

differences were mostly in the 0 P flooded and 20 P free drained treatments where

inoculated plants outperformed control plants (Fig. B-l). However, when we repeated the

experiment (Cladium-2), overall there were no significant inoculum effects (Table B-4,

Fig. B-2). For both experiments growth of C. jamaicense increased with P when

free-drained in Cladium-1, although there was a decline at the highest P level. Under

flooded conditions, increasing P concentration did not benefit plant growth. On the

contrary, there was a decline at 50 P in both experiments, but more pronounced in
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Cladium-2. Inhibition of C. jamaicense growth by similarly high P levels (50 mg kg'
1

)

has been observed before (Steward and Omes, 1983).

Jayachandran and Shetty (2003) found response of C. jamaicense to AM fungal

inoculation, ranging from neutral to positive, depending on inoculum origin. In addition,

they found a similar response for the inoculum sievate. The responses seen in Cladium-1

but not in Cladium-2 might be due to non-fimgal contents of the inoculum used. Control

plants in Cladium-1 did not receive inoculum, or inoculum filtrate, and they were

outperformed by the noncolonized, but inoculated plants. In Cladium-2 however, control

plants did receive inoculum filtrate and had no difference with the noncolonized, but

inoculated plants. The longer duration of Cladium-2 could obscure any early benefits, or

the shorter days and smaller plants did not promote AM fungal colonization in the first

place. These results hind on some positive effects of mycorrhizal inoculum to

C. jamaicense growth, however further experiments are needed to reveal what aspects of

the inoculum are responsible for those effects.
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Table B-2. ANOVA table for the effects of inoculum (including controls), water

treatment, P amendment, and their interactions on Cladium-1 plant-growth.

Tillers Height

Shoot

mass

Root

mass R/S

Inoculum (In) <0001 0.0003 <.0001 <.0001 0.22

Water <0001 0.0016 0.54 0.62 0.059

Phosphorus (P) 0.0015 <0001 <0001 0.0014 0.0006

In x Water 0.13 0.17 0.49 0.46 0.26

In x P 0.09 0.32 0.043 0.102 0.32

Water x P 0.01 <.0001 <0001 0.002 0.007

In x P x Water 0.45 0.22 0.19 0.42 0.99

Table B-3. ANOVA table for the effects of inoculum (excluding controls), water

treatment, P amendment, and their interactions on Cladium-1 plant-growth.

Tillers Height

Shoot

mass

Root

mass R/S

Inoculum (In) 0.024 0.022 0.0007 0.0003 0.029

Water <0001 0.004 0.60 0.83 0.104

Phosphorus (P) 0.003 <0001 <0001 0.001 0.001

In x Water 0.49 0.12 0.39 0.41 0.071

In x P 0.071 0.39 0.051 0.17 0.63

Water x P 0.019 <0001 <.0001 0.002 0.0004

In x P x Water 0.35 0.31 0.50 0.78 0.89

Table B-4. ANOVA table for the effects of inoculum (including controls), water

treatment, P amendment, and their interactions on Cladium-2 plant-growth.

Tillers Height

Shoot

mass

Root

mass

Rhizome

mass R/S

Inoculum (In) 0.38 0.22 0.13 0.18 0.13 0.37

Water 0.015 <.0001 <.0001 <.0001 <0001 0.12

Phosphorus (P) 0.0007 <.0001 <.0001 <.0001 <0001 0.033

In x Water 0.81 0.09 0.24 0.27 0.24 0.64

In x P 0.82 0.47 0.33 0.67 0.44 0.61

Water x P <0001 <0001 <0001 <.0001 <0001 <0001

In x P x Water 0.65 0.40 0.55 0.74 0.54 0.87
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Figure B-l. Cladium-1 plant-growth parameters, as affected by inoculum, water

treatment (free drained, FD; flooded, F), and P amendment (mg kg'
1

). Bars

represent means of 5 replicates ± SEM.
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Figure B-2. Cladium-2 plant-growth parameters, as affected by water treatment and P

amendment (mg kg'
1

). The AM fungal communities were combined because

no significant differences occurred among inocula. Bars represent means of 30

replicates ± SEM..
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APPENDIX C
REDOX CONFIRMATION EXPERIMENT FOR TYPHA LATIFOLIA L.

Introduction

In the experiments described in Chapter 3 not only Typha latifolia L. and Panicum

hemitomon Schult, but Cladiumjamaicense Crantz was also used. However, in the

T. latifolia experiment there was a trend of more aerobic conditions in the redox data of

site 2 inoculum, relative to all other inocula. There were only 2 redox probes per

treatment in that experiment and therefore no statistical analysis was possible. Hence, the

experiment was repeated with more redox probes for the flooded treatments, but with 2

arbuscular mycorrhizal (AM) fungal assemblage inocula (sites 1 and 2) and a control, and

a more narrow P range. For distinction from the Chapter 3 experiment this is referred to

as Typha-2.

Materials and Methods

The experimental design, materials, methods, and statistical analysis are described

in Chapter 3. Seedlings were grown for 12 wk before transplantation. A mycorrhizal

infection potential (M3P) assay was conducted on each inoculum at the initiation of each

experiment (Table C-l, Sylvia, 1994). At transplanting plants were approximately 4 cm

Table C-l. The relative infectivity (%), estimated by an MIP assay, of the five

community inocula used in the experiment and amount of inoculum used.

Numbers in parenthesis are the standard deviation.

Experiment

Inoculum

S 1 S2 generation Inoculum (g)

Typha-2 78.27 (8.97) 87.13 (7.60) 5 10
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tall. A mixture of potting medium and roots from each AM fungal assemblage culture

was used as inocula in the experiments. The community inoculum (40 ml) was supplied

at the time of transplantation directly to the plant roots. The inocula were in their sixth

generation. Nonmycorrhizal controls received 50 ml of 1 : 1 mix of site 1 and 2 inoculum

filtrate. Initially, for all experiments there were 3 plants per pot that were thinned to

1 plant after 2 wk. Plants were grown for 4 wk before flooding to (presumably) allow for

the establishment of AM fungal colonization. There were 5 redox probes per flooded

treatment and for the 0 P free-drained treatment, permanently placed in the pots.

The experiment was conducted from 23 Sept. 2004 to 6 Jan. 2004 with

supplemental light, providing a 14 h day, and the mean maximum and minimum

temperatures were 3 1 and 22°C respectively, and the mean maximum photosynthetic

photon flux density (PPFD) was 794 pmol m'
2

s'
1

. At the end of the experiment the same

parameters as in Chapter 3 were determined; however, roots and shoots were not

analyzed for phosphorus.

Results and Discussion

In the Chapter 3 experiment there was a trend of higher redox in the flooded

treatments with inoculum from site 2. Inadequate replication in redox probes in the

Chapter 3 experiment and verification were the reasoning for the Typha-2 experiment.

The repeated measures statistical analysis verified that there was no difference in redox

with inoculum (Fig. C-l). The redox trends in Chapter 3 were either coincidental, or

during the rotation/replacement of redox probes rhizomes could have been penetrated,

resulting in more aerobic readings. Furthermore, there were no differences in redox with

inoculum in the Chapter 3, Panicum experiment, either. However, contrary to the

T. latifolia experiment in Chapter 3, there were significant positive inoculum effects on
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plant growth (Table C-2, Fig. C-2). These effects were due to differences among AM

plants and the control, rather than differences among AM fungal inocula (Table C-3).

Those differences were in the 0 P free-drained treatment, where control plants practically

did not grow (Fig. C-2). However, any differences disappeared with higher P

concentration and flooding. It is also noteworthy that there were no significant P main

effects, other than on plant height. Although there were no differences among AM fungal

inocula on the effects on plant growth, there were differences in extend of root

colonization, with site 2 colonizing roots more when free-drained than site 1 (Fig. C-3).

These differences were not due to differences in infectivity (Table C-l).

We can only speculate why these results are so different than in the Chapter 3

experiment. Some of the differences in setting up the experiment were that control plants

received inoculum filtrate (instead of non-mycorrhizal corn roots), and that the P range

used was narrower (0, 10, and 20 versus 0, 20, and 50 mg kg'
1

P). In addition, the

inoculum was cultured for several generations longer. The plants used in Typha-2 grew

for 2 wk longer before transplanting, but were smaller, likely due to greater density in the

germination tray, comparing with the seedlings used in Chapter 3.

Table C-2. ANOVA table for the effects of inoculum (including controls), water

treatment, P amendment, and their interactions on Typha-2 plant-growth.

Tillers Height

Shoot

mass

Root

mass

Rhizome

mass R/S

Coloni

zation

Inoculum (In) 0.51 <0.001 <0.001 0.003 0.047 0.41 <0.001

Water 0.039 <0.001 <0.001 <0.001 <0.001 0.0003 <0.001

Phosphorus (P) 0.26 0.034 0.84 0.81 0.31 0.87 <0.001

In x Water 0.43 <0.001 0.78 0.93 0.23 0.61 <0.001

In x P 0.46 <0.001 0.28 0.79 0.83 0.31 <0.001

Water x P 0.31 <0.001 0.004 0.42 0.70 0.80 <0.001

In x P x Water 0.34 <0.001 0.022 0.22 0.66 0.31 <0.001
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Table C-3. ANOVA table for the effects of inoculum (excluding controls), water

treatment, P amendment, and their interactions on Typha-2 plant-growth.

Tillers Height

Shoot

mass

Root

mass

Rhizome

mass R/S

Coloni

zation

Inoculum (In) 0.67 0.002 0.17 0.57 0.77 0.77 0.007

Water 0.15 <0.001 <0.001 <0.001 <0.001 0.0005 <0.001

Phosphorus (P) 0.65 0.008 0.27 0.51 0.28 0.50 <0.001

In x Water 0.26 0.45 0.98 0.72 0.23 0.37 0.018

In x P 0.43 0.44 0.54 0.83 0.92 0.66 0.62

Water x P 0.33 <0.001 0.037 0.39 0.61 0.55 <0.001

In x P x Water 0.69 0.92 0.84 0.89 0.54 0.83 0.70
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Figure C-2. Typha-2 plant-growth parameters, as affected by inoculum, water treatment

(free drained, FD; flooded, F), and P amendment (mg kg'
1

). Bars represent

means of 5 replicates ± SEM.
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Figure C-3. Typha-2 percentage of root colonization, as affected by inoculum, water

treatment (free drained, FD; flooded, F), and P amendment (mg kg'
1

). Bars

represent means of 5 replicates ± SEM
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